Polymer microcapsules can be used as bioreactors and artificial cells; however, preparation methods for cell-like microcapsules are typically time consuming, low yielding and/or involve custom microfluidics. Here, we introduce a rapid (~30 min per batch, eight layers), scalable (up to 500 mg of templates) and efficient (98% yield) microcapsule preparation technique utilizing fluidized bed for the layer-by-layer (LbL) assembly of polymers, and we investigate the parameters that govern the formation of robust capsules. Fluidization in water was possible for particles of comparable diameter to mammalian cells (>5 μm), with the experimental flow rates necessary for fluidization matching well with the theoretical values. Important variables for polymer film deposition and capsule formation were the concentration of polymer solution and the molecular weight of the polymer, while the volume of the polymer solution had a negligible impact. In combination, increasing the polymer molecular weight and polymer solution concentration resulted in improved film deposition and the formation of robust microcapsules.
INTRODUCTION
Polymer microcapsules have attracted increasing interest as potential artificial cells and bioreactors through the encapsulation of functional units in the hollow capsule interior or by incorporating functional units into the shell wall. [1] [2] [3] [4] [5] [6] [7] [8] Non-biological reactions 9,10 and sensing 11, 12 can also be performed, but the inherent "soft" nature of the polymer films 13 composing the microcapsules, in comparison to solid impermeable inorganic films, 14 uniquely allows biological and biologically-inspired reactions to be controlled. This control gives the microcapsules "celllike" properties 8, 15 and allows for the production of biological materials such as genetic material, 1 proteins, 3 or biomolecules. 5 For example, lipids and liposomes can be incorporated into the capsule wall or into the hollow interior of the capsules, allowing for the encapsulation of cargo such as active enzymes. 16 Alternatively, lipids can be used as the capsule wall, yielding cell-like capsules capable of encapsulating biological material for the transcription and translation of membrane proteins that provide unidirectional pores. 4 Additional types of biological cargo can be encapsulated during microcapsule preparation, permitting RNA production from the encapsulated DNA. 1 Using a similar principle of loading during capsule formation, E. coli can be encapsulated, allowing the microcapsules to function as controlled protein microreactors. 3 3 There are two common routes for the production of microcapsules capable of mimicking cells.
One approach is the use of microfluidics for assembly, which often produces capsules larger than the average mammalian cell (10-120 μm) . 17 The other approach, layer-by-layer (LbL) assembly, is often used for the production of capsules smaller than mammalian cells. 18, 19 Microfluidic capsule production allows for fine control over certain parameters of the microcapsules, such as template composition and loading capacity; however, it requires custom-built apparatus and is generally limited to specific polymer choices. 3, 20 Although the production of microcapsules in microfluidic systems is rapid and can be automated, the yield scales linearly with time because the capsules are produced individually. Efforts to increase yields from microfluidic devices include the use of parallel or bifurcated channels, and higher flow rates. 21 On the other hand, LbL assembly is a batch process and can be used to prepare larger numbers of capsules, where the number of capsules can often be increased dramatically without affecting processing time.
LbL assembly also allows for a multitude of template types to be used and provides a wider array of polymer choices available for capsule formation. However, the conventional (i.e., non-flow adsorption/centrifugation/wash) LbL coating process is generally labor-intensive and time consuming for particle templates. 22, 23 Recent innovations in LbL assembly utilizing immobilized templates, which include electrophoretic and immersive polymer assembly, EPA 24 and IPA 25 respectively, have reduced the labor-intensive nature of this coating process, but they still require specialized, although commercially available, equipment. For LbL and microfluidic microcapsule assembly, the coating of large amounts of templates in a relatively short time frame still remains a challenge. Interestingly, combining the two techniques into one capsule production method may significantly reduce the time necessary for LbL assembly, but it also decreases the quantity of capsules produced, as it is not a batch process. 26 Some attempts have 4 been made to combine the use of closed systems, or reactors, with LbL assembly by utilizing rotating arms to avoid particle aggregation. 27 However, this technique also required the use of multiple filter membranes for each adsorption step, which led to caking of the membranes.
Inspired by standard processing equipment, we herein report the use of liquid fluidized beds for microcapsule production. This approach requires fewer steps and considerably less time than conventional LbL assembly ( Figure 1 ). An upward flow of water was used to fluidize dispersed particles with the gravitational force being balanced by the drag force of the water. This set-up not only allows for the particles to be suspended and dispersed in a fluidized bed, but also allows for polymers to be passed through the fluidized bed in the upward flow stream ( Figure 1 ). This simultaneously eliminates the need for centrifugation during the washing steps applied in conventional (i.e., non-flow adsorption/centrifugation/wash) LbL assembly and the non-batch production standard to microfluidics. The use of a fluidized bed could be thought of as a "microfluidic" LbL assembly technique. can be uniformly layered. After a sufficiently thick film is generated, the template particles can be removed to yield microcapsules. Figure S1 for a photograph of the experimental setup. Ultra-pure water with a resistivity greater than 18 MΩ⋅cm, from an inline Millipore 6 RiOs/Origin purification system, was used. 500 mg of particles (30-60 μm glass beads (predominantly silica, with an average diameter of 50 μm) from Polysciences, Inc., were added into the fluid bed column (1 cm in diameter NAP-5 column from GE Healthsciences) and the pump (PHD2000 from Harvard Apparatus) flow rate was set to 250 μL min -1 . The height of the fluid bed column was recorded using a caliper and this was repeated with flow rates increasing at 250 μL min -1 increments until the particles reached the top of the column, which was 21.35 mm in height. The polymer solution was injected into the loading tube using a syringe with the 6-way valve set to "load," isolating the polymer solution from the flow of water. 2 mL of polymer solution was loaded through the 1 mL loading tube to ensure that the solution was not diluted. The valve was then set to "inject", diverting the flowing water through the polymer loading tube. The loaded polymer solution was then part of the flow stream and flowed through the fluidized bed.
MATERIALS AND METHODS

Fluidization of Template Particles. See
An additional 3 mL of ultra-pure water flowed through the loading tube and fluidized bed to ensure that both were sufficiently washed before the valve was reset to "load" for the second polymer and the process repeated until eight layers were deposited. Therefore, one deposition/wash step took 4 min (1 min for the deposition and 3 min for the wash) and the entire process took 32 min.
Modified Reaction Parameters (High Molecular Weight (M W ), High Volume, High
Concentration, and Combined High Concentration and High M W ). The experimental conditions were the same as the standard conditions mentioned above except for the differences specifically mentioned below. High M W : High M W PSS (~70 000 Da) and PAH (~58 000 Da) (both from Sigma-Aldrich) were used instead of the ~15 000 Da polymers. High Volume: The residence time of the polymer was increased two-fold by injecting polymer solution twice for each layer. High Concentration: The polymer concentration was increased by using 1 mg mL -1 polymer solution instead of 0.1 mg mL -1 . Combined High Concentration and High M W : A combination of both high concentration (1.0 mg mL -1 ) and high M W polymers (~70 000 Da PSS and ~58 000 Da PAH) was used. These concentration and polymer M W are low enough to keep the solution behaving like a Newtonian Fluid. 28 Core Removal. The layered particles were sedimented and the supernatant was removed. 300 µL of hydrofluoric acid (5 M HF) was added to the layered particles, the solution was pelleted, the supernatant was removed, and another 300 µL of HF was added. [Caution! HF is highly toxic. Extreme care should be taken when handling HF solution.] The HF was washed out by three centrifuge/resuspend/rinse cycles using ultra-pure water. To dissolve the inorganic shell resulting from the use of the glass bead templates, the inorganic/organic composites were further washed twice with 0.5 M hydrochloric acid (HCl). The HCl was then washed out by three centrifuge/resuspend/rinse cycles using ultra-pure water.
RESULTS AND DISCUSSION
Fluidization Calculations. The fluid velocity boundaries in which fluidization can occur for a given particle size lies between the minimum fluidizing velocity (U MF ) and the single particle termination velocity or Stokes velocity (U T ). U MF is the minimum velocity at which a packed or settled bed can be fluidized. Conversely, U T is the maximum velocity of a particle in a fluidized bed, above which the fluidized bed will be lost as the individual particle will be carried out of the column by the flow (Figure 2 ). Thus, the range between U MF and U T can be thought of as the window in which fluidization is possible. U MF and U T can be calculated as follows: 29 U T can be determined using Stokes' law for a system with a low particle Reynolds number (Re p ) less than 1.0:
where Re p is calculated as follows:
Re p = ρ f U s d p µ U MF can be found using the following equations:
where Ar is the Archimedes numbers, ρ f is the density of the fluid (for water, 1000 kg m -3 ), ρ p is the density of the particles (for glass beads, 2500 kg m -3 ), μ is the dynamic viscosity of the fluid (for water, 8.9 x 10 -4 Pa⋅s), g is the force of gravity (9.81 m s -2 ), Re is the Reynolds number, Re p is the Reynolds number of the particles, Re MF is the Reynolds number at the minimum fluidization velocity, U s is the superficial velocity (m s -1 ), ε is the voidage or volume fraction in the fluidized bed, which is not occupied by the particles. Expressed mathematically, voidage = (total volume -volume of the particles) / (total volume), (the calculated value of 0.72 was used), and d p is the average diameter of the particles.
Calculations (Table S1) show that 50 μm particles ( Figure S2 ) theoretically fit into the fluidization set-up well, as a large flow rate equates to a high volume of polymer being moved through the system in a short period of time. As shown below, this allows for faster layering. 5 μm particles were theoretically on the border of what was deemed feasible, as any flow rate 10 below 100 μL min -1 was considered to be too slow to offer a significant advantage over conventional LbL assembly (Figure 3 ). Therefore, we needed to determine if the calculated U MF and U T values were experimentally valid. Table S1 for values.
Experimental Determination of Bed Height and Flow Rates.
Initial experiments showed that a flow rate of 100 μL min -1 was too fast for 5 μm particles and did not result in a stable bed, as the templates were carried out of the column by the flow over a period of roughly 30 min. The 5 μm silica particles had a lower density, 1800 -2000 kg m -3 , than the 50 μm glass particles and therefore would have a theoretical maximum flow rate of ~60 -70 μL min -1 , suggesting that U T is an accurate upper bound for stable bed formation. Therefore, to keep the layering time below that of conventional layering technique, and on the time scale of many microfluidic systems, we restricted our analysis to 50 μm particles ( Figure S2) . The experimental flow rates necessary for fluidizing the particles fit in accurately with the calculated values, with the void fraction being controllable between 0.82 and 0.98, for 250 μL min -1 and 4000 μL min -1 , respectively (Figure 4 ).
Polymer bridging between the particles would not be expected, as there would be roughly 9-fold more free volume than the volume of particles; that is, roughly one diameter length of free space surrounding each particle. 29 The fluid bed height increased proportionally to the increase in flow rate, and so an intermediary flow rate of 1000 μL min -1 was chosen for further studies.
Theoretically, this allows for roughly 1 min of polymer contact per layer and allows for a much faster layering process than conventional (i.e., non-flow adsorption/centrifugation/wash) LbL assembly. Layer Deposition Using Fluidized Beds. Layering was first performed with reference layering conditions where the polymer is known to be in high excess when compared to the 10 mg of particles in the bed. 18 Zeta (ζ)-potential analysis in water of the layered particles showed 12 that the mean ζ-potential did not alternate between negative and positive with the addition of each layer, as would be expected for LbL assembly with oppositely charged polyelectrolytes ( Figure 5 and Figure S3 ). Literature shows that layering PAH and PSS on silica particles yields ζ-potential values that alternate from +40 mV to -40 mV, respectively. 30 This discrepancy with the literature may suggest that the particles were not layered uniformly. Images of the coated particles prior to core removal show that no aggregates were formed during the fluidized bed assembly ( Figure S4 ). To improve layering, the reference conditions were modified by independently varying the M W of the polymers, and the volume and concentration of the polymer solutions ( Figure 5 and Figure   S3 ). Layering was improved by increasing the M W of the polymers. Previous reports show that increasing polymer M W leads to thicker films on planar substrates because the long polymer chains can form large loops away from the surface. 31 Additionally, it has been shown that the 13 length (i.e., the M W ) of the polymers can affect layering, as shorter polymers have a tendency to be stripped off a surface, particularly for polymers below around 10 000 Da, 31, 32 which suggests that longer polymers may layer better than shorter polymers. Even though the polymer concentrations are at saturation levels, increasing the concentrations by a factor of 10 resulted in improved layering, as suggested by ζ-potential measurements. Although a concentration of 0.1 mg mL -1 is in excess of the total adsorbable amount, previous reports have also shown that increasing the polymer concentration can increase the layer thickness and the adsorbed amount. 33, 34 Finally, to determine if the layering could be further improved, both the concentration of the polymer solutions and the M W of the polymers were increased at the same time. By increasing both the concentration and the M W in tandem, improved layering was achieved in the fluidized bed set-up. The mean ζ-potential values were constantly above or below +30 mV or -30 mV, respectively, similar to the literature values. 30 This also demonstrates that the charge of the 50 μm uncoated glass particles (-28 mV) did not significantly impede layering when compared to the smaller, more highly charged silica (-40 mV) reported in the literature. 30 The thickness of eight-layer polymer film on the core-shell particles was approximately 20 nm, as determined by transmission electron microscopy (TEM) ( Figure S5 ), and it could be seen from scanning electron microscopy (SEM) ( Figure S6 ) that some of the larger features on the template particles were coated, leading to a smoother surface overall.
Energy dispersive X-ray spectroscopy (EDX) was used to confirm that nitrogen (from PAH) and sulfur (from PSS) were both present on the particles ( Figure S7 ).
Capsule Formation Using Fluidized Beds.
After HF treatment, we found that polymer capsules were not formed. This could be due to the presence of calcium in the 50 µm glass bead templates, leading to the formation of inorganic/organic composites. The inorganic/organic composites did not collapse upon drying and had a significantly rougher surface, as visualized by TEM and SEM ( Figures S5, S6 and S8 ). SEM images of the inorganic/organic composites showed small sub-micron-sized lumps ( Figure S6 ), which suggested that the polymer films act as nucleation sites for inorganic particles. EDX was used to map the elemental composition of the inorganic/organic composites and it was found that calcium and fluorine were main components of the inorganic/organic composites, but that nitrogen and sulfur were also present ( Figure S9 ), suggesting that the inorganic/organic composites are composed of a thin organic film of fused inorganic particles. Using charged polymer shells for the nucleation of inorganic materials has been reported in the literature, 35 including for PAH/PSS microcapsules. 36 The fact that the inorganic/organic composites did not collapse, 36 and had a thickness of roughly 500 nm ( Figure   S8 ), suggested that the HF used for template removal crystallized the low amount of calcium (~5-10%) present in the template particles and produced inorganic/organic composites.
Hydrochloric acid was used to dissolve the inorganic material from the capsule wall, which greatly reduced the roughness of the capsule surface under differential interference contrast (DIC) microscopy ( Figure S10 ). Additionally, the apparent thickness of the capsules was reduced under DIC ( Figure 6 ). Upon drying, the capsules collapse and display folds representative of conventionally prepared polyelectrolyte capsules. 36 Atomic force microscopy (AFM) was used to determine the average thickness of five capsules, giving an average minimum shell thickness of 21.8 ± 4.6 nm, which equates to 2.7 nm per layer. This value is similar to the thickness estimated from TEM ( Figure S5 ) and is nearly twice that of conventionally prepared PAH/PSS capsules reported in the literature, 37 but still fits into the range of PAH/PSS capsules prepared using newer techniques 24 and the thicknesses expected with LbL capsules in general. 38 These data suggest that the HCl treatment dissolves the inorganic material, leaving the LbL polyelectrolyte shell behind. The root mean square roughness was 9-11 nm, which is rougher than the ~4 nm usually expected for four bilayer LbL PAH/PSS films; 39 however, the increased roughness is likely due to the roughness of the original template particles, and the increased thickness of the layers themselves ( Figure S6 ). We note that using pure silica templates, instead of glass templates, could remove the need for the above-described acid treatment. Using these optimized conditions, 500 mg of glass bead templates were used for a single batch of layering and microcapsules were successfully formed after subsequent core removal and acid 16 treatment ( Figure 7a ). Over 99% of the particles could be recovered from the column, and 98% of the original number of particles yielded capsules as counted by optical microscopy. The fluidized bed assembly provides an easy way of rapidly depositing layers of polymer on particulate templates and is roughly eight times quicker than conventional (i.e., non-flow adsorption/centrifugation/wash) LbL assembly (4 min per layer and wash compared to ~30 min per layer and wash). 18, 19 Further, successful coating of 500 mg of template in this short time frame indicates the potential for large-scale applicability of this technique. for coating the 50 μm particles using the optimized fluidized bed conditions. The particles layered with conventional LbL assembly for 1 min per layer did not have alternating positive and negative mean ζ-potentials and only had a ζ-potential difference of 22 mV between the maximum and minimum values, which was significantly narrower than the comparable fluidized bed results (Figure 7 ). This suggests that 1 min of incubation time under these conditions was not sufficient for optimal polymer deposition, which is supported by evidence that after core removal and acid treatment the resultant capsules were fractured and broken (Figure 7b ). Additionally, planar film studies in the literature that used PAH with different polymer combinations, showed that more than 6 min per layer was required for build-up under conventional layering conditions. 40 Therefore, it is likely that the directional flow of polymer in the fluidized beds allows for improved deposition versus the random deposition in conventional LbL assembly.
Other LbL assembly systems have shown rapid layering when directional movement of the particles or templates has been used. 26 Together with literature data, our results demonstrate that the directional flow of the fluidized bed set up has a strong bearing on the uniformity and density of polymer layering. Fluidization was possible for the 50 μm particles, while the timescale necessary for the fluidization of smaller particles (≤5 μm in diameter) using the present technique did not provide significant advantages over conventional LbL assembly. To improve upon the conditions for smaller templates, fluidization could be performed in lower density liquids or even gas, which has been performed for silica particles smaller than 10 nm. 41 However, the fluidization of nanoparticles in gas often requires the use of acoustic, 42 magnetic, 43 or physical disturbances 44 to break up the large agglomerates that form. 45 Similarly, using denser templates such as gold would allow for higher U MF and U T values, making it accessible to particles around 1.5 µm (for gold particles with a density of 19 300 kg m 3 ). However, gold particles can be difficult to produce as large monodisperse spherical templates and are generally limited to sub 300 nm. 46 
CONCLUSION
We have introduced fluidized bed column for the efficient LbL assembly of polymers and for the production of microcapsules. This is the first study of particle fluidization in water to form fluidized beds for the deposition of polymer multilayers and the subsequent production of hollow microcapsules. It was found that the experimental flow rate necessary for fluidizing silica matched well with the model calculation and fell between U MF and U T . The influence of individual variables such as polymer solution volume, polymer M W , and concentration was investigated for 50 μm-diameter particles. The most important variable for polymer film deposition and capsule formation was the concentration of the polymer solution; however, increasing the polymer M W along with the polymer solution concentration resulted in uniform film deposition and the formation of robust microcapsules. Core removal with HF resulted in the formation of a thick inorganic/organic composite shell that prevented collapsing upon drying, but could be removed with HCl to yield stable polymer capsules. Interestingly, it was found that the directed flow in the fluidized beds greatly improved polymer deposition and capsules quality when comparing the fluidized bed set up to conventional (i.e., non-flow adsorption/centrifugation/wash) LbL assembly. This study confirms that directed polymer deposition such as flow in a fluidized bed, similar to an electric current through agarose, 24 has benefits and complements conventional LbL assembly and microcapsule production. The directed flow in fluidized beds allows for a significant reduction in the processing time required to make LbL microcapsules, from the standard 10-20 min incubation per layer, to 1 min incubation per layer. This technique opens up the efficient mass-production of large 19 microcapsules and further improvements could be accomplished by using automated loading and injection systems.
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